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ABSTRACT: An X-ray absorption spectroscopic study of structural changes occurring at the Ni site of
ChromatiumVinosumhydrogenase during reductive activation, CO binding, and photolysis is presented.
Structural details of the Ni sites for the ready silent intermediate state, SIr, and the carbon monoxide
complex, SI-CO, are presented for the first time in any hydrogenase. Analysis of nickel K-edge energy
shifts in redox-related samples reveals that reductive activation is accompanied by an oscillation in the
electron density of the Ni site involving formally Ni(III) and Ni(II), where all the EPR-active states (forms
A, B, and C) are formally Ni(III), and the EPR-silent states are formally Ni(II). Analysis of XANES
shows that the Ni site undergoes changes in the coordination number and geometry that are consistent
with five-coordinate Ni sites in forms A, B, and SIu; distorted four-coordinate sites in SIr and R; and a
six-coordinate Ni site in form C. EXAFS analysis reveals that the loss of a short Ni-O bond accounts for
the change in coordination number from five to four that accompanies formation of SIr. A shortening of
the Ni-Fe distance from 2.85(5) Å in form B to 2.60(5) Å also occurs at the SI level and is thus associated
with the loss of the bridging O-donor ligand in the active site. Multiple-scattering analysis of the EXAFS
data for the SI-CO complex reveals the presence of Ni-CO ligation, where the CO is bound in a linear
fashion appropriate for a terminal ligand. The putative role of form C in binding H2 or H- was examined
by comparing the XAS data from form C with that of its photoproduct, form L. The data rule out the
suggestion that the increase in charge density on the NiFe active site that accompanies the photoprocess
results in a two-electron reduction of the Ni site [Ni(III)f Ni(I)] [Happe, R. P., Roseboom, W., and
Albracht, S. P. J. (1999)Eur. J. Biochem. 259, 602-608]; only subtle structural differences between the
Ni sites were observed.

Hydrogenases (H2ases) are enzymes that catalyze the
two-electron redox chemistry of hydrogen gas. As such, they
are important enzymes in the metabolism of many micro-
organisms (1). Hydrogenases can be used to oxidize H2 to
produce reducing equivalents or to generate H2 during
fermentation, where protons serve as the terminal electron
acceptor in an electron transport chain. The use of this
chemistry in a vectorial fashion across membranes may be
a primitive mechanism for generating proton gradients (2).
The known H2ases can be divided into groups based on the
inorganic cofactors that are present. The largest group of

H2ases contain Ni, Fe, and S2- as inorganic constituents
([NiFe]-H2ases) (3). In addition, a small group of enzymes
that contain only Fe and S2- have been identified ([Fe]-H2-
ases) (4). An enzyme that contains no known inorganic
cofactors and is involved in the reduction of methylenetet-
rahydromethanopterin has been isolated fromMethanobac-
terium species (5).

The H2ase isolated fromChromatiumVinosum, a purple-
sulfur, photosynthetic bacterium, is a typical member of the
[NiFe] group in that it is composed of two subunits of about
34 and 60 kDa and contains approximately one Ni and 12
Fe atoms per holoenzyme (6). Most of the Fe is distributed
among three Fe-S clusters; two Fe4S4 and one Fe3S4 clusters
have been detected by Mo¨ssbauer and EPR studies (3, 7).
Like most of the [NiFe]-H2ases, the enzyme fromC. Vinosum
exhibits a number of redox-dependent EPR signals at 77 K
that exhibit 61Ni hyperfine splittings when the enzyme is
isotopically enriched (3, 8). These signals include those
associated with as-isolated oxidized and catalytically inactive
enzymes [form A (unready):g ) 2.31, 2.23, 2.02; form B
(ready): g ) 2.34, 2.16, 2.01] and a two-electron reduced
active form of the enzyme (form C:g ) 2.19, 2.16, 2.02)
(6).

† This research was supported by grants from the National Institutes
of Health (GM38829, M.J.M.), The Netherlands Organization for
Scientific Research (NWO), and The Netherlands Foundation for
Chemical Research (SON). Data were collected at the National
Synchrotron Light Source (NSLS) Brookhaven National Laboratory,
which is supported by the U.S. Department of Energy, Division of
Materials Sciences and Division of Chemical Sciences. Beamline X9B
at NSLS is supported in part by NIH Grant RR-01633.

* To whom correspondence should be addressed at Department of
Chemistry, Lederle Graduate Research Center Tower A, University of
Massachusetts, Amherst, MA 01003-4510. Phone: 413-545-4876.
FAX: 413-545-4490. E-mail: Mmaroney@chem.umass.edu.

‡ University of Massachusetts.
§ University of Amsterdam.

7468 Biochemistry2000,39, 7468-7479

10.1021/bi000300t CCC: $19.00 © 2000 American Chemical Society
Published on Web 06/02/2000



Reductive activation (Scheme 1) of the enzyme by H2 or
low-potential reductants at 30° results in the loss of the EPR
signals associated with forms A and B and the appearance
of the EPR signal of form C (9, 10). This reduction occurs
readily for form B but has a long lag phase (hours) for form
A. Thus, form B represents a “ready” state of the enzyme,
and form A is an “unready” state. In redox titrations
performed at 30°, forms A and B are in redox equilibrium
with the EPR-silent (SI) one-electron reduction products.
However, if the titration is performed at 2°, the reductions
of both forms A and B proceed to form spectroscopically
distinct EPR-silent forms (11), SIu and SIr, respectively, that
do not interconvert at low temperature. Form B is irreversibly
reduced at 2° (12). Both the SIu and the SIr states represent
catalytically inactive states of the enzyme.

The SIu state cannot be further reduced at 2°, whereas SIr

is reduced very slowly to form C (12). A third form of the
one-electron reduced and EPR-silent state, SIa, has been
shown to be involved in producing form C (12). This
catalytically active EPR-silent intermediate is in slow equi-
librium with SIr (12). One-electron reduction of SIa gives
rise to form C, the EPR-active reduced state of the enzyme.
Under a H2 atmosphere, form C is further reduced to R, the
fully reduced state of the enzyme. Form C is photochemically
labile and can be converted to an EPR-active state, form L
(g ) 2.3, 2.13, 2.05), by exposure to light at 77 K (13).
Form C is regained by annealing the sample in the dark at
ca. 200 K. The conversion of form C to form L has been
probed using ENDOR spectroscopy (14), which revealed a
solvent-exchangeable proton(s) coupled to the electron spin
at the active site in form C that is lost upon conversion to
form L. The site of attachment of this proton in the active
site has not yet been established. Recent pre-steady-state
kinetic measurements have revealed that CO, an inhibitor
of H2ase, binds to form C to produce a thermally stable
product that is EPR-silent, SI-CO (15). The binding site
for CO in this EPR-silent state has not been established, but

kinetic and EPR data on the photolytically produced transient
adduct with form L, form L-CO, indicate that the CO binds
to Ni, possibly in a bridging mode with the active site Fe
atom. The relationship between the eight states of the enzyme
discussed above is summarized in Scheme 1.

Knowledge of the structure of the active site of [NiFe]-
H2ases was greatly enhanced by the 2.85-Å resolution crystal
structure of the [NiFe]-H2ase fromDesulfoVibrio gigas(16)
and then again by the 2.54-Å resolution structure (17, 18).
The similarity between the respective EPR (3, 19), IR (11,
17, 20-22), Mössbauer (7, 23), and XAS spectra (24)
obtained from theD. gigas and C. Vinosum H2ases, in
addition to identical cofactor composition in the two
enzymes, indicates that the structures of these enzymes are
likely to be very similar. The crystal structures ofD. gigas
H2ase provided information about the spatial arrangement
of the cofactors, revealing that the Ni site is part of a
heterodinuclear active site involving an Fe center bridged
to the Ni by a pair of cysteine thiolates (Cys 68 and Cys
533) and a third low Z atom, X (17). As a consequence of
the short Ni-X distance found (1.7 Å), it was postulated
that X represents a Ni-oxo group that bridges to the Fe
(Fe-X ) 2.1 Å). The remaining ligands involved in the Ni
site are two terminally bound cysteine thiolates (Cys 65 and
Cys 530). Analysis of the Ni-S distances in the active site
indicated that the terminal ligands have significantly shorter
bonds (2.3 and 2.2 Å) than the bonds formed by the bridging
cysteines (2.6 Å). Analysis of the EPR spectrum of the
crystals used in the crystallographic study shows that the
crystal was∼40% form A,∼10% form B, and 50% EPR-
silent (probably mostly SIu).

The crystal structure also revealed that the Fe site has a
unique structure (16, 17). In addition to the cysteinate
bridging ligands, the Fe was shown to be coordinated by
three nonprotein ligands. Analysis of IR spectra obtained
from samples of theC. Vinosumenzyme was used to assign
these ligands to a pair of CN- ligands and a CO ligand (25,

Scheme 1
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26). These assignments are in complete agreement with data
obtained from a model compound, (η5-C5H5)Fe(CN)2CO
(27). The electron density associated with the nonprotein
ligands in the structure is also consistent with these diatomic
molecules (17). Further, the stretching frequencies vary with
redox poise in the same manner as the EPR signals (Scheme
1), providing a spectral probe of the EPR-silent states (11,
20). The Fe site has been found to be a low-spin Fe(II) center
in the EPR-active forms by both57Fe ENDOR (28) and EPR
studies (29), consistent with earlier studies of theC. Vinosum
enzyme using Mo¨ssbauer spectroscopy (7).

X-ray absorption spectroscopy (XAS) has been used to
provide electronic and molecular structural information
regarding the Ni site complementary to the information
obtained by crystallographic studies and from other spec-
troscopic techniques (14, 24, 30-35). Since the analysis of
extended X-ray absorption fine structure (EXAFS) provides
metric details of the Ni site at a higher precision than is
available from the crystal structure (typically(0.02 Å for
distances in the primary coordination sphere) and does not
require crystalline samples, it is particularly useful in
studying the details of the Ni site structure and the effects
of redox poise on the structure of the Ni site. We report here
a study of the structure of the Ni site inC. VinosumH2ase
involving samples poised in the eight distinct states (forms
A and B, SIu, SIr, SI-CO, forms C and L, and R) in view
of recent crystallographic studies ofD. gigasandDesulfo-
microbium baculatumH2ases. The XAS studies presented
were specifically designed to examine the presence/absence
of a Ni-O ligand as a function of redox poise, to test the
binding of CO to the Ni site and provide metric details of
the complex formed, and to examine variations in the Ni-
Fe distance as a function of redox poise. Of the samples
examined, the SIr state and the SI-CO adduct are structurally
examined for the first time in any H2ase. The inclusion of
SIr further clarifies the redox role of the Ni site.

EXPERIMENTAL PROCEDURES

Enzyme and XAS Sample Preparation.The sample prepa-
ration and XAS data for samples ofC. VinosumH2ase poised
in form A, form B, SIu, form C, and form R have been
previously reported (24). Data obtained from new samples
of form C were used in the analysis of the data from this
form. Samples poised in the SIr, SI-CO, and form L states
are reported for the first time and were prepared as follows.

(1) SIr. Enzyme was converted to form B (90% by EPR)
as described previously (24). To a concentrated enzyme
solution (1.5 mM in 50 mM MES buffer, pH 6.0, cooled in
ice) was added: (i) 50µM of the mediators 2,3,5,6-
tetramethyl-p-phenylenediamine (E′o ) +275 mV), 2,6-
dichlorophenolindophenol (E′o ) +230 mV), 1,2-naphtho-
quinone-4-sulfonic acid (E′o ) +215 mV), phenazine
methosulfate (E′o ) +80 mV), and methylene blue (E′o )
+11 mV); (ii) submitochondrial particles (0.4 mg) (36), 80
mM succinate, and 8µM cytochromec (horse heart). It was
then loaded in the XAS cuvette, put under 10% H2, 90%
Ar, kept in ice for 30 min, and then frozen in liquid nitrogen.
The sample (final enzyme concentration 1.2 mM) showed a
small EPR signal from form C (53µM or 4.5% of the
enzyme concentration). Addition of the mediators, submi-
tochondrial particles, cytochromec, and succinate ensured

optimal removal of O2 (via the cytochromec oxidase in the
particles). Some H2 (10%) was added to further decrease
the potential (via reaction with the enzyme) for the complete
reduction of form B to SIr. The low temperature prevented
activation of the H2ase (12), as was verified by parallel
experiments with dilute enzyme, in which the H2-uptake
activity with benzyl viologen and methylene blue was
measured. Given the purity of the form B sample (90%) and
the EPR spectrum of the reduced XAS sample (4.5% form
C, the rest EPR-silent), the sample was 85% poised in the
inactive SIr state.

(2) SI-CO. The enzyme was fully reduced and activated
by incubation under H2 for 30 min at 50°. After cooling, the
H2 gas was replaced by CO. The FTIR spectrum of samples
similarly prepared is homogeneous, and the published IR
spectrum shows a peak assigned to bound extrinsic CO (νCO

) 2054 cm-1) (21).
(3) Form L.Exposure of form C to visible light leads to

the formation of form L, which is stable below 100 K. A
single sample of form C frozen into two XAS sample holders
was used to collect the data for the form C/form L
comparison. One of these samples was used to prepare the
form L sample by irradiating it in liquid N2, as previously
described forThiocapsa roseopersicinaH2ase samples (14).
The sample was monitored by EPR and irradiated until
conversion of form C to form L was achieved. The sample
was handled cold, and its integrity following data collection
was confirmed by EPR spectroscopy.

XAS Data Collection and Analysis.XAS data for all
samples was taken on beam line X9 at the National
Synchroton Radiation Laboratory (NSLS) at Brookhaven
National Laboratory during several runs. The samples were
contained in polycarbonate holders that allowed collection
of the XAS and EPR data without thawing the samples.
These holders were inserted into slotted aluminum holders
that were held near 50 K by using a He displex cryostat for
XAS data collection. Data were collected as previously
described (32), under dedicated conditions at 2.58 GeV and
120-200 mA. For edge studies, a Si(220) double crystal
monochromator internally calibrated to the first inflection
point of Ni foil (8331.6 eV) was used. This arrangement
provides a theoretical resolution of ca. 0.5 eV for the 0.5-
mm hutch slit height employed. The spectra obtained using
0.2-eV steps had edge energies that were reproducible to
within (0.1 eV. This value is used as an estimated error for
the edge energy measurements in Table 1, except for form
C.

For EXAFS data collection, in which energy resolution is
less important, some of the data were collected using a Si-
(111) double crystal monochromator with a 1-mm hutch slit
height, for the additional X-ray intensity that this arrangement
provided. Harmonic rejection was accomplished with a
focusing mirror left flat. X-ray fluorescence data were
collected using a 13-element Ge detector (Canberra). A 4-µs
dead time correction was employed in analyzing the data
from this detector with internal count rate<40 000 Hz.

The integrity of the samples after∼12 h of exposure to
monochromatic synchrotron radiation was monitored in three
ways. First, EPR spectra taken before and after exposure were
compared. Second, the energy of the Ni K-edge obtained
from each sample was monitored on sequential scans. Third,
some of the samples were assayed for either H2-evolution

7470 Biochemistry, Vol. 39, No. 25, 2000 Davidson et al.



activity or H2-uptake activity before and after exposure. The
first and second assays are performed to monitor the redox
poise of the sample before, during, and after exposure; none
of the samples exhibited a significant change in redox poise.

The XAS spectra were analyzed in analogy with previously
published procedures (32). For the purposes of comparison,
the edge energy reported in Table 1 is taken to be the energy
at a normalized absorbance of 0.5, consistent with the
analysis of data fromC. Vinosum, D. gigas, Escherichia coli,
T. roseopersicina, DesulfoVibrio desulfuricans, andAlcali-
genes eutrophusH2ase samples (24). The only exception to
this is the reported Ni K-edge energy of form L. In this case,
structure on the edge prevented a similar estimation of the
edge energy, and the energy was determined by fitting the
edge region with a combination arctangent/Gaussian function,
as previously described (37). When this procedure was used
on spectra from other samples, the resultant edge energy that
was determined was within(0.1 eV of that measured
directly from the spectrum. For form C, data sets from three
different samples were collected. The edge energy reported
is the average of the three data sets, and the error reported
is the standard deviation. The Ni K-edge energies and
XANES data for previously published spectra of forms A,
B, and R are included here for comparison with data from
other forms. The areas under the peaks assigned to 1sf 3d
transitions were determined by fitting a background to the
region of the spectrum immediately below and above this
feature in energy and integrating the difference.

EXAFS data were analyzed using the XAS analysis
package WINXAS (38). The summed, calibrated data files
were background-corrected and normalized using a two
polynomial fit, with a first-order polynomial for the pre-
edge region and a third-order polynomial for the post-edge
region. The data were then converted tok space using the
relationship [2me(E - E0)/p2]1/2, whereme is the electron
mass,E is the photon energy,p is Planck’s constant divided
by 2π, andE0 is the threshold energy of the absorption edge,
here defined as 8340.0 eV. Least-squares fits of the EXAFS
data over ak range of 2.0-14.3 Å-1 or over thek range of
2.0-12 Å-1, where the data were limited by the presence of

features associated with trace Cu in the spectrum, were
performed using Fourier-filtered data with a backtransform
window of 1.1-2.6 Å (uncorrected for phase shifts). Best
fits were judged by minimizing GOF (38), GOF ) 1/σ2

∑i)1
N [yexp(i) - ytheo(i)]2 (where N is the number of data

points,σ is an estimate for the experimental error, andyexp

and ytheo are experimental and theoretical data points,
respectively) and comparing residuals (38) (eq 1) and the
difference in the disorder parameters between the model data
and the fit,|∆σ2| ) |(σfit

2 - σmodel
2)|, using the XAS formula

(eq 2) (38), whereσmodel
2 is the disorder parameter obtained

by fitting data from the structurally characterized models used
in the FEFF calculations with the calculated phase and
amplitude parameters. Thus,|∆σ2| provides a comparison
of the disorder in the enzyme with a well-ordered model
system.

Theoretical phases and amplitudes for single and multiple
scattering EXAFS analyses were obtained from FEFF 6 (39-
41) calculations of crystallographically characterized model
compounds. The calculations included all pathways up to
6.1 Å in length. The theoretical parameters for single
scattering pathways for first coordination sphere atoms, and
the single scattering and the most significant multiple
scattering paths for second coordination sphere atoms were
then checked, using them to fit the experimental spectrum
obtained for each of the model compounds. In all cases, bond
lengths matching the crystallographic values within(0.02
Å were obtained for atoms in the first and second coordina-
tion sphere of the metal. In this work, only carbonyl ligands
required multiple scattering analysis. All of the calculated
pathways for this ligand except the path consisting of four
legs (Ni f C f Ni f C f Ni), which contributed only
4.6% of the relative intensity (all paths), were included (see
supplemental Tables S9 and S10). The compounds used for
the FEFF calculations were for Ni-S, tetraethylammonium
tetrakis[p-chlorobenzenethiolatonickelate] (42), for Ni-O,
diaqua-bis(salicylaldehydato) nickel(II) (43), for Ni-Fe, tris-
[N,N′-dimethyl-N,N′-bis(2-mercaptoethyl)-1,3-propanedi-
amino nickel(II)] iron(II) (44), and for Ni-CO, tris(2-
diphenylphosphinoethyl)amino nickel(0) carbonyl, Ni(np3)CO
(45). Previously published EXAFS spectra for forms A and
B have been reanalyzed using this procedure and are included
here for comparison between this procedure and that
employed in earlier analyses and for completeness. Note that
FEFF 6 calculations found no significant multiple scattering
pathways (> 2.9% contribution to the spectra) mediated by
the S atoms in the Ni-Fe model above either through the
singly bridged Ni-Fe pair or through the doubly bridged
units, and none were used in refining the Ni-Fe distance
for the enzyme.

Table 1: Ni K-edge and XANES Data forChromatiumVinosum
Hydrogenase

sample
Ni K-edge

energy (eV)
E - Eave

(eV)a
1sf 3d peak area

(10-2 eV) ref

form A 8340.0(1) +0.6 7.6(5) 24
form B 8340.4(1) +1.0 6.3(5) 24
SIu 8339.8(1) +0.4 5.6(5) this work
SIr 8338.8(1) -0.6 0.0(5) this work
form C 8339.37(5)b 0 2.4(5) this work
R 8339.0(1) -0.4 1.1(5) 24
form L 8339.2(2)c -0.3 4.6(5) this work
SI-CO 8339.4(2) 0 3.1(5) this work
Ni(np3)CO 8340.8(2) 8.0(5) this work

a Eaveis the mean value of the Ni K-edge energies (8339.4 eV).b This
value and the error represent the average of data obtained from three
samples and the standard deviation, rather than the value from a summed
data set and the reproducibility of that value in individual scans, which
was used for other samples.c Because of the presence of an interfering
XANES feature on the edge, the value of the edge energy was derived
by fitting the edge with a combination arctangent/Gaussian function
as previously described (37). For other samples, this procedure led to
values of the edge energy that were within(0.1 eV of the values
measured directly from the spectrum. residual[%])

∑
i)1

N

|yexp(i) - ytheo(i)|

∑
i)1

N

|yexp(i)|
‚100 (1)

ø(k) ) ∑
j

NjS0
2Fj(k)

kRj
2

e(-2k2σj
2)e(-2Rj/λ) sin[2kRj + δj(k)] (2)
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RESULTS AND DISCUSSION

Redox Chemistry.Nickel K-edge XAS spectra arise from
the ejection of a Ni 1s electron, which occurs near 8332 eV
in Ni metal and near 8340 eV in Ni(II) coordination
complexes (46). Since the amount of energy required to
dissociate a 1s electron is sensitive to the valence electron
configuration, the edge energy provides a measure of the
electron density of the Ni and is therefore an indication of
changes in the electron density that might arise from redox
chemistry, assuming a relatively constant ligand environment.
Typically, the edge energy shifts by∼2 eV with each one-
electron change in oxidation state (37, 47, 48). Shifts
accompanying redox processes that give rise to changes in
the K-edge energy smaller than 1 eV are indicative of
substantial ligand involvement in the redox process.

The XAS spectra showing the Ni K-edge region and
XANES features observed forC. VinosumH2ase are sum-
marized in Table 1 and Figure 1. The edge energy differences
measured for theC. VinosumH2ase samples, while not large,
are the largest yet observed for a [NiFe]-H2ase with the
exception ofA. eutrophusH2ase, in which a major change
in the structure of the Ni site accompanies reductive
activation (24, 49). The largest difference for states related
by redox chemistry is 1.6(2) eV (form B vs SIr). Thus, in
the absence of large changes in the ligand environment, the
changes in the edge energy are consistent with both a
maximal one-electron change in the Ni center and a highly
covalent environment, such as the Cys4 environment found
in the D. gigasstructure. The changes in edge energies are
nearly twice as large as were previously observed for redox-
poised samples ofT. roseopersicinaH2ase (0.9(2) eV) (32).

The average Ni K-edge energy observed is 8339.4 eV,
which coincides with the edge energy measured for form C.
The samples poised in forms A, B, and SIu all have edge
energies higher than this value, while the SIr, form L, and R
samples all have lower edge energies (Table 1). The edge
energies do not vary monotonically with one-electron reduc-

tions of the enzyme (9, 10, 50), indicating that the redox
status of the Ni site does not reflect the redox state of the
enzyme. The edges observed for form A and form B differ
by about 0.4 eV, with the B state having the higher edge
energy. Reduction of form A to SIu is accompanied by a
negligible (0.2 eV) change in the edge energy, similar to
the form Af SI conversions reported in H2ases from other
sources (24). In contrast, reduction of form B to SIr decreases
the edge energy by 1.6 eV, the largest edge energy shift
observed. The Ni center in SIr is as reduced as the fully
reduced form of the enzyme (R). Since SIu and SIr are both
one-electron reduced states, the 1.0-eV difference between
these states must be attributed to either internal redox
changes, large changes in the ligand environment of the Ni
center (ruled out by EXAFS analysis, vide infra), or some
contribution from both.

Form C, one-electron more reduced than the SI states, has
a Ni K-edge energy that lies between those measured for
SIu and SIr. Reduction of form C to the fully reduced state,
R, leads to a decrease in the Ni K-edge energy to ap-
proximately that of SIr. If one ignores forms A and SIu

because they represent “unready” conformations, then the
Ni K-edge energies associated with reduction of the enzyme
(form B f SIr f form C f R) oscillate in the manner that
would be consistent with the Ni(III)f Ni(II) f Ni(III) f
Ni(II) formalism proposed by Moura and co-workers (19).
However, such a scheme is oversimplified, since the
magnitude of the changes in the edge energy between SIr

and form C, and between form C and R, are less than 1 eV,
indicating that either the redox changes are partially com-
pensated for by changes in ligation of the Ni or that the redox
chemistry is not centered on the Ni atom. Nonetheless, the
data are consistent with models in which the active site Ni,-
Fe cluster exists in two redox states, an oxidized and a
reduced state, with the oxidized state accounting for all of
the EPR-active species.

The photolysis of form C to form L is also accompanied
by a small change in the Ni K-edge energy (-0.3 eV),
indicating that the Ni center is more reduced in the
photoproduct, but the change is too small to attribute to a
simple reduction of the Ni center. These results are com-
pletely consistent with the previous results for the form
C/form L conversion obtained usingT. roseopersicinaH2-
ase (14). The data are not consistent, however, with models
wherein the Ni is reduced from Ni(III) to Ni(I) (expected
edge energy shift ca.-4 eV) or where a Ni(III) center simply
loses a ligand (e.g., H-) because such a change would be
expected to lead to an increase in the Ni K-edge energy.
The data are consistent with either a structural change not
involving redox chemistry or ligand dissociation at the Ni
site or with changes localized on Fe or S and reflected in a
small change in the Ni electron density via covalent
interactions. Changes in the electron density of the Fe center
are apparent from IR measurements of the intrinsicνCO

frequency, which decreases by more than 50 cm-1 upon
photolysissthe largest such shift measured in the enzyme
(Scheme 1) (20).

The role of the ligand environment in determining the Ni
K-edge energy has been explored in model complexes, and
it was found that changing a single hard-donor ligand with
a soft-donor ligand shifts the edge energy by about-0.5
eV (37). These results are reflected in the Ni K-edge energy

FIGURE 1: Comparison of the normalized Ni K-edge XAS spectra
for samples ofC. VinosumH2ase in the edge and the XANES
regions. Average Ni K-edge energy is indicated with a vertical line.
Inserts are 10× expansions of the regions containing the XANES
feature associated with a 1sf 3d electronic transition.
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detemined for form SI-CO, which is identical to that
determined for form C. Thus, the two Ni centers have similar
electron density despite the fact that one is EPR-silent and
the other exhibits an S) 1/2 EPR spectrum. The results
indicate that the increase in electron density expected for
the conversion of form C to SI-CO (-0.6 eV by comparison
with SIr) is compensated for by the addition of the strong
π-acid CO ligand.

Changes in Coordination Number and Geometry.The
X-ray absorption near edge structure (XANES) in the XAS
spectrum is sensitive to the number of ligands bound to the
metal center and their geometry. Given the inaccuracy
associated with the determination of the number of ligand
donor atoms from EXAFS analysis (typically(25% because
of correlations between the number of donor atoms and the
disorder in the M-L distances), XANES analysis provides
the most reliable information regarding coordination number
and geometry of metal centers from XAS data. The observa-
tion of XANES in the pre-edge region of the XAS spectrum
is associated with high-energy electronic transitions occurring
at energies less than those that produce a photoelectron. The
intensity of the peak associated with a 1sf 3d electronic
transition (near 8332 eV in Ni(II) complexes) is a measure
of the centrosymmetry of the Ni site, since such a transition
is forbidden in centrosymmetric coordination environments
(e.g., octahedral and square planar environments) and gains
intensity from p-d orbital mixing in noncentrosymmetric
geometries (e.g., five-coordinate and tetrahedral geometries)
(33, 37). Studies of a number of structurally characterized
Ni complexes show that small peak areas are expected for
six-coordinate (0-4 × 10-2 eV) and planar Ni complexes
(0-3 × 10-2 eV), intermediate areas are found for five-
coordinate complexes (typically (5-7) × 10-2 eV), and
maximum intensity is observed for tetrahedral complexes (ca.
10 × 10-2 eV) (37). The high-symmetry environments may
be further distinguished by the presence (square planar
geometry) or absence (octahedral geometry) of a resolved
peak near 8338 eV associated with a 1sf 4pz electronic
transition (33, 37). This transition is also observed as a
shoulder in the spectra of distorted planar complexes (51)
and in spectra obtained from pyramidal five-coordinate
complexes (37) but not in trigonal bipyramidal complexes
(37).

None of the spectra shown in Figure 1 exhibit a resolved
maximum corresponding to the 1sf 4pz electronic excitation
(with shakedown contributions), ruling out a four-coordinate
planar geometry for the Ni site in any of these states.
However, the spectra for SIr, SI-CO, L and R reveal
shoulders that can be assigned to this transition in a four-
coordinate distorted planar or five-coordinate pyramidal
geometry. The intensities (areas) measured for the 1sf 3d
transition fall into two groups (Table 1 and Figure 1). Forms
A/B and SIu have peaks with areas in the 5-7 × 10-2 eV
range that are indicative of five-coordinate Ni sites; this result
is consistent with the five-coordinate environment found for
the Ni site in theD. gigasH2ase crystal structure. The SIr,
SI-CO, forms C and R states have small 1sf 3d peak areas.
The value for form L lies between those that are typical of
octahedral and five-coordinate geometries, suggesting a
highly distorted six-coordinate structure. On the basis of the
XANES analysis, four-coordinate planar Ni sites and tetra-
hedral Ni sites are ruled out for all of the forms. Forms A,

B, and SIu are clearly five-coordinate, and the data for form
C are most consistent with a six-coordinate site (small 1sf
3d peak+ absence of any shoulder for a 1sf 4pz transition).
For the remaining samples, SIr, SI-CO, forms C and R, the
low 1sf 3d intensity rules out a five-coordinate geometry,
and the observation of a shoulder attributable to a 1sf 4pz

transition indicates a distorted planar configuration. In the
case of SI-CO, the geometry/coordination number suggest
that either CO is not bound to the Ni or that the CO displaces
one of the protein ligands to retain the four-coordinate
structure.

Combining the results from XANES and K-edge energy
analysis, the reduction of form A to SIu appears to involve
a small increase in electron density at Ni with no change in
coordination geometry. In contrast, the form Bf SIr
conversion involves a change in coordination number from
five to four accompanied by the largest increase in electron
density between two states (1.6 eV decrease in edge energy).
The SIu f SIr conversion follows a pattern similar to the
form B f SIr conversion, with a decrease in coordination
geometry (five to four) and an increase (1 eV) in electron
density. This conversion occurs between two states at the
same redox level, strongly suggesting that internal changes
in electron density (internal redox) are involved to account
for the increase in electron density observed. For the
remaining active forms, the conversion of SIr f form C f
R is consistent with a change in coordination number of 4
f 6 f 4, in combination with edge energy shifts that
correspond in direction (but not in magnitude) with Ni(II)
f Ni(III) f Ni(II) redox chemistry. The trend is opposite
to the one expected for simple ligand addition and dissocia-
tion to Ni(II), and so to an extent (ca. 1 eV based on model
studies) the change in coordination number moderates the
electron density changes associated with the redox process.
The changes observed are consistent with the tendency of
four-coordinate Ni(II) coordination complexes to gain ligands
upon oxidation to Ni(III) (52-54).

The Ligand EnVironment. The post-edge XANES is
sensitive to the types of ligand donor atoms present in the
primary Ni coordination sphere and their spatial arrangement,
thus providing a sensitive fingerprint for comparing samples.
None of the samples show a significant white line (a
quasiatomic transition just above the edge in energy, Figure
1), an observation that is consistent with a predominantly
S-rich ligand environment in all states (33, 37). The ligands
bound to Ni and the structural differences in the Ni sites
can be examined in detail by measuring the effect on the
X-ray absorption coefficient of the scattering of a photo-
electron generated by dissociation of a Ni 1s electron. The
resulting extended X-ray absorption fine structure (EXAFS)
can be analyzed to provide local structural information
regarding the Ni sites. In addition to providing a “best fit”
structure for the Ni site consistent with the EXAFS spectra
from the samples, the analyses reported in Table 2 and
summarized in Table 3 were designed specifically to test
for the presence of a low Z bridge, for structural changes
that result in different Ni-S distances in the primary
coordination sphere, and to look for changes in the Ni-Fe
distance and for the presence of CO in the primary coordina-
tion sphere of Ni in SI-CO. Thus, Table 2 contains, for
each sample, the best single shell fit (based on the lowest
value of the GOF criterion and the lowest value of∆σ2),
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the best two shell fits involving one or two low Z atoms,
the best two shell fit resulting from two shells of S scattering
atoms, the best two shell fit including a Ni-Fe vector, and
the best overall three shell fit. The data and the overall best
fit for each sample are illustrated in Figures 2 and 3. Previous
analyses of data fromC. VinosumH2ase and other H2ases
were limited to a maximum value ofk ) 12-12.5 Å-1

because of the presence of trace Cu in the samples (24).
These data were used in the new refinements presented here
for forms A and B and are included here for comparison
between fitting procedures and for completeness. The sample
of SIr analyzed here for the first time also contained trace
Cu, and the analysis was therefore limited tok ) 12 Å-1.
The data presented here forC. Vinosumsamples in forms
SI-CO, C, L, and R did not contain features associated with
trace Cu, and in these cases it has been possible to extend
the data analysis tok ) 14.3 Å-1, increasing the sensitivity
to scattering from the Fe atom in the active site and aiding
in distinguishing it from S-scattering atoms at long distances
(g2.5 Å).

All of the single shell fits show a preference for S-donor
ligands over N/O donor ligands, consistent with a predomi-
nantly S-donor ligand environment in all cases. The GOF
values that are observed for fits involving a single shell of
S scattering atoms are in general large and not very sensitive
to the number of S atoms in the primary coordination sphere.
This is because a single shell does not adequately fit the
data, and the number of S atoms is correlated with the value
of σ2, which is a measure of the disorder of the Ni-S bond
lengths. Dynamic disorder is minimized by taking spectra
on samples held at low temperature (50 K in this study).
However, static differences in the Ni-S distances can still
occur, and thus, four well-ordered Ni-S distances can give
a similar EXAFS amplitude as six less well-ordered Ni-S
distances. This correlation effectively limits the accuracy of
the determination of the number of scattering atoms in a
refined shell to ca.(25% or about(1 donor atom. To
minimize the correlation ofN andσ2, the fitting strategy held
the number of scattering atoms (N) to integer values and
variedσ2 to obtain the best fit of the amplitude (55).

Table 2: Selected Curve-Fitting of Filtered EXAFS Spectra forChromatiumVinosumHydrogenasea

sample/FT
limit (Å -1) fit N Ni-X R (Å)

σ2

(× 103 Å)b
∆σ2

(× 103 Å) GOF
sample/FT
limit (Å -1) fit N Ni-X R (Å)

σ2

(× 103 Å)
∆σ2

(× 103 Å) GOF

form A A01 4 Ni-S 2.1710(1) 12.3 9.8 16.9 form C C01 4 Ni-S 2.2212(3) 7.3 4.8 30.8
k ) 2-12 A02 4 Ni-S 2.1691(1) 12.0 9.5 14.5 k ) 2-14.3 C02 4 Ni-S 2.2070(3) 6.9 4.4 18.2

1 Ni-Fe 2.6324(1) 19.2 17.7 1 Ni-Fe 2.5522(5) 4.0 2.5
A03 1 Ni-O 1.8908(1) 3.1 -1.5 5.2 C03 2 Ni-O 2.0671(5) 0.6 -4.0 28.0

3 Ni-S 2.1932(1) 10.5 8.0 4 Ni-S 2.1899(5) 11.3 8.8
A04 3 Ni-S 2.1331(1) 8.4 5.9 10.6 C04 3 Ni-S 2.1974(3) 1.5 -1.0 20.3

2 Ni-S 2.2871(1) 8.8 6.3 2 Ni-S 2.3536(4) 0.5 -2.0
A05 1 Ni-O 1.8724(1) 1.6 -3.0 4.1 C05 2 Ni-S 2.1922(3) 0.4 -2.1 12.2

2 Ni-S 2.1790(1) 5.5 3.0 2 Ni-S 2.378(1) 5.3 2.8
1 Ni-S 2.3070(2) 10.4 7.9 1 Ni-Fe 2.491(1) 2.3 0.8

form B B01 4 Ni-S 2.2180(1) 10.6 8.1 22.2 form L L01 4 Ni-S 2.2352(1) 7.7 5.2 15.4
k ) 2-12 B02 4 Ni-S 2.2189(1) 10.7 8.2 14.2 k ) 2-14.3 L02 4 Ni-S 2.2249(1) 8.1 5.6 7.2

1 Ni-Fe 2.8549(1) 10.8 9.3 1 Ni-Fe 2.5603(1) 7.9 6.4
B03 1 Ni-O 1.8606(1) 2.2 -2.4 11.9 L03 1 Ni-O 1.9697(6) 12.5 7.9 15.7

3 Ni-S 2.2314(1) 6.7 4.2 3 Ni-S 2.2371(1) 5.8 3.3
B04 2 Ni-S 2.1084(1) 7.3 4.8 15.4 L04 3 Ni-S 2.2109(1) 4.0 1.5 14.7

3 Ni-S 2.2652(1) 5.4 2.9 1 Ni-S 2.3471(1) 0.5 -2.0
B05 1 Ni-O 1.8436(1) 3.5 -1.1 4.9 form R R01 4 Ni-S 2.2004(2) 7.2 4.7 22.5

4 Ni-S 2.2318(1) 9.6 7.1 k ) 2-14.3 R02 4 Ni-S 2.1895(2) 7.0 4.5 12.4
1 Ni-Fe 2.8412(1) 11.6 10.1 1 Ni-Fe 2.5354(3) 5.1 3.6

form SIu SU01 4 Ni-S 2.2159(1) 8.8 6.3 29.7 R03 2 Ni-O 1.949(1) 14.9 10.3 21.4
k ) 2-14.3 SU02 4 Ni-S 2.2125(1) 9.3 6.8 29.2 2 Ni-S 2.1984(2) 2.6 0.1

1 Ni-Fe 2.523(1) 19.3 17.8 R04 2 Ni-S 2.1597(2) 1.2 -1.3 23.5
SU03 2 Ni-O 1.9073(1) 2.9 -1.7 10.8 2 Ni-S 2.2904(3) 2.3 -0.2

3 Ni-S 2.2398(1) 5.4 2.9 form SI-CO CO01 4 Ni-S 2.2770(2) 7.3 4.8 20.2
SU04 1 Ni-S 2.0525(2) 2.5 0 20.5 k ) 2-14.3 CO02 4 Ni-S 2.2698(3) 8.5 6.0 13.0

5 Ni-S 2.2288(1) 7.5 5.0 1 Ni-Fe 2.550(1) 10.2 8.7
SU05 2 Ni-O 1.9119(1) 1.3 -3.3 7.1 CO03 1 Ni-C 1.7948(8) 4.5 -0.6 15.6

2 Ni-S 2.2273(1) 1.2 -1.3 4 Ni-S 2.2737(2) 7.5 5.0
1 Ni-S 2.3635(4) 4.3 1.8 CO04 2 Ni-S 2.2148(3) 2.0 -0.5 14.5

form SIr SR01 4 Ni-S 2.2335(4) 17.0 14.5 23.8 2 Ni-S 2.3448(3) 1.2 -1.3
k ) 2-12 SR02 4 Ni-S 2.2155(4) 18.4 15.9 14.2 CO05 1 Ni-C 1.7946(8) 4.1 -1.0 7.3

1 Ni-Fe 2.600(1) 13.9 12.4 4 Ni-S 2.2640(3) 8.8 6.3
SR03 1 Ni-O 1.884(1) 9.8 5.2 21.7 1 Ni-Fe 2.554(1) 9.6 8.1

3 Ni-S 2.2530(4) 13.7 11.2 CO06 1 Ni-C 1.7821(8) 4.2 -0.9 5.6
SR04 2 Ni-S 2.1590(4) 6.4 3.9 14.3 1 Ni-O 2.898(1) 4.4 -1.0

2 Ni-S 2.3352(4) 5.3 2.8 3 Ni-S 2.2546(3) 6.9 4.4
SR05 2 Ni-S 2.1601(6) 8.7 6.2 11.1 1Ni-Fe 2.5398(7) 5.4 3.9

2 Ni-S 2.335(1) 9.4 6.9
1 Ni-Fe 2.558(3) 17.1 15.6

a X is the scattering atom for each shell;R is the Ni-X distance;σ2 is the root-mean-square disorder in the Ni-X distance;∆σ2 is σ2 relative
to calculated values for reference compounds; GOF is the goodness-of-fit defined in Experimental Procedures. The accuracies of distances determined
by EXAFS for atoms in the first coordination sphere of the metal are limited to(0.02 Å by the theoretical phase parameters. The refinements
generally show precisions that are less than 0.02 Å for well-ordered shells, thus differences in distances between samples using equivalent fits are
more accurate than the absolute distances.b Italicized values are approaching physical insignificance. Large values ofσ2 suggest that the shell
involved has a coordination number that is too large or is badly disordered and may be unnecessary for fitting the data.
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The addition of a shell of O scattering atoms to a single
shell of S scattering atoms was used to test for the presence

of a low Z scattering atom in the primary coordination sphere
of the Ni (Tables 2 and 3). For forms A, B, SIu, and SI-
CO, two shell fits incorporating a short Ni-X bond improved
the fit. The two best fits for form A (Table 2, A03 and A05)
indicate a Ni-O vector at 1.91(2) Å. This is longer than
would be expected for the Ni-oxo bridge predicted by the
1.7 Å distance in theD. gigascrystal structure (17) and is
more consistent with a hydroxo bridge. An O-donor is also
supported from the observation of17O hyperfine interactions
in the EPR spectra of forms A and B obtained after
reoxidation of reduced enzyme with17O2 (6). The fits for
form B and SIu were also improved by the addition of a
shell of short oxygen atoms at 1.86(2) and 1.91 Å, respec-
tively (Table 2, B03, B05, SU03 and SU05). SIr is the first
form in the reductive activation of the enzyme in which the
fit is not improved by the addition of a shell of O atoms at
a distance of∼1.9 Å (Table 2, SR03). This is consistent
with the XANES analysis, which shows a change in
coordination number from five in forms A, B, and SIu to
four in SIr and can be assigned to the loss of an O-donor
ligand on the basis of the EXAFS analysis. None of the
samples in which the enzyme is more reduced than the SI
level show any evidence of a short Ni-O bond, consistent
with the findings from the crystal structure of reducedD.
baculatumH2ase, which shows a similar structure to the
oxidizedD. gigasenzyme but lacks a bridging low Z atom

Table 3: Summary of EXAFS Fitting Results forChromatium
VinosumHydrogenase

sample/
FT limits (Å-1)

short Ni-X (Å) a

(X ) C, N, or O)
ave Ni-S

(Å)b split S shellc
Ni-Fe

(Å)

A Ni-O ) 1.91(2) 2.17(2) yes (0.16) ndd

(k ) 2-12)
B Ni-O ) 1.86(2) 2.22(2) yes (0.14) 2.86(2)
(k ) 2-12)
SIu Ni-O ) 1.91(2) 2.20(2) yes (0.17) nd
(k ) 2-14.3)
SIr none 2.23(2) yes (0.18) 2.60(2)
(k ) 2-12)
C none 2.22(2) yes (0.15) 2.49(2)
(k ) 2-14.3)
L none 2.24(2) yes (0.13) 2.56(2)
(k ) 2-14.3)
R none 2.20(2) no 2.54(2)
(k ) 2-14.3)
SI-CO Ni-C )1.78(2) 2.28(2) yes (0.13) 2.55(2)
(k ) 2-14.3)

a In cases where a shell of O coordination is indicated, the bond
length is given in parentheses. A blank indicates that the fit is not
significantly improved by the addition of a short O/N scattering atom.
b The average Ni-S distances were taken from the single shell fits.c If
the fit is improved by using two S shells, the difference in the Ni-S
distances obtained in the fit is indicated in parentheses.d Not determined.

FIGURE 2: A comparison of the Fourier-transformed (k ) 2-12
Å-1 for forms A, B, and SIr; k ) 2-14.3 Å-1 for SIu, forms C, R,
L, and SI-CO) Ni K-edge EXAFS data (solid circles), fits (solid
lines) from C. VinosumH2ase. Fits shown are A05, B05, SU05,
SR05, C05, R02, L02, and CO06 from Table 2.

FIGURE 3: Fourier-filtered (backtransform window) 1.1-2.6 Å,
uncorrected for phase shifts) EXAFS data (solid circles) and fits
(solid lines) of forms A, B, SIu SIr, C, R, L, and SI-CO. Fits shown
are given in the caption for Figure 2.
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(56). The data presented here show that the loss of the
bridging hydroxo/oxo ligand is a feature of reductive
activation of the enzyme that occurs upon conversion to SIr.

The fit for SI-CO also shows significant improvement
when a low Z atom is added (CO03, CO05, and CO06). The
refined distance (1.81 Å) is the shortest distance observed
for all of the two shell fits, suggesting that the ligand involved
in this case is CO rather than a ligand derived from water.
Although C atom scattering parameters fit the data for SI-
CO better than O atom parameters, and the opposite is true
for form A, the inability to clearly distinguish two atoms
with similar electron density makes it impossible to assign
this to a Ni-CO ligand on the basis of the analysis of atoms
in the first coordination sphere of the Ni. To unambiguously
assign the CO ligand, multiple scattering analysis was
employed to fit scattering from the second coordination
sphere O atom of the CO ligand. FEFF 6 (39-41) was used
to calculate the EXAFS spectrum of the crystallographically
characterized model compound tris[2-(diphenylphosphino-
ethyl)amine]Ni(II)carbonyl, Ni(np3)CO (45), to obtain pa-
rameters for a Ni-CO interaction. The parameters obtained
were checked by using them to analyze experimental data
obtained from the model compound. The results of these fits
are summarized in Figure 4 and in Table 4, which also shows
the distances obtained from EXAFS analysis in comparison
with the crystallographic distances. Addition of a Ni-CO
interaction to the fit of the SI-CO data improved the fit
significantly (Table 2, CO06). The Ni-C distance refined
to 1.78(2) Å, and the Ni-O distance refined to 2.90(2) Å,

leading to a C-O bond length of 1.12(4) Å. Although this
is short for a C-O bond, it is not without precedent for Ni-
CO complexes (57-60) and indicates that the CO is
approximately linear and a terminal ligand of the Ni center.

The CO parameters were also checked against data from
form A, which has a short bond involving a low-Z scattering
atom that is not due to the presence of CO. The data were
unable to accommodate the inclusion of a CO ligand,
demonstrating that the two Ni ligand environments can be
confidently distinguished.

Another feature of the Ni ligand environment in the
structure of the active site ofD. gigas H2ase is two very
different Ni-S distances for the terminal (2.2 and 2.3 Å)
and bridging cysteinate ligands (2.6 Å), which average 2.4
Å and differ by over 0.3 Å. The average Ni-S distance
determined from EXAFS analysis is 2.17(2)-2.23(2) Å for
all of the forms ofC. VinosumH2ase that are related by redox
processes (Table 3), demonstrating that the Ni-S bond is
not very sensitive to the redox status of the enzyme, as noted
in previous studies (24, 32). The largest average Ni-S
distance observed, and the only one that is truly distinct, is
found in SI-CO (2.28 Å) (Table 3). The shortest average
Ni-S distance forC. VinosumH2ase, found in form A (2.17
Å), is the same average Ni-S distance obtained from EXAFS
analysis ofD. gigasH2ase in form A (24). To examine the
possibility that two shells of S-donor ligands at distinct
distances exist, the single shell of Ni-S scattering atoms
was split into two shells and refined separately. Splitting the
two Ni-S shells leads to improved fits for all forms except
the fully reduced form, R (Tables 2 and 3). However, in
several cases (e.g., forms B and L), the improvement in the
GOF value is not enough to justify the additional parameters.
Nonetheless, the difference between the two shells of S
scattering atoms obtained by modeling the S environment
with two shells is very consistent between the samples (0.16-
(3) Å, Table 3) and indicates that the spread of Ni-S
distances in this active site must be considerably less than
seen in the crystal structure of theD. gigasenzyme.

The addition of an Fe scattering atom to a single shell of
S atoms improves the fits significantly for forms B, SIr, SI-
CO, C, L, and R (Table 2) but not for forms A and SIu. In
form B, the Ni-Fe distance obtained is longer than that in
the other forms [2.85(5) Å] and indistinguishable from the
value found in theD. gigasH2ase crystal structure involving

FIGURE 4: Comparison of the deconvoluted Fourier-transformed
(k ) 2-13 Å-1 for Ni(np3)CO; k ) 2-14.3 Å-1 for SI-CO) Ni
K-edge EXAFS data (solid circles) and fits (solid lines) for Ni-
(np3)CO (upper spectrum) andC. VinosumH2ase form SI-CO.
Distances (r) are uncorrected for phase shifts. The lower part of
each FT spectrum shows the contribution from each component of
the fit to the overall fit of the FT spectrum.

Table 4: Curve-Fitting of Filtered EXAFS Spectra for Ni(np3)CO

N Ni-X R (Å)
σ2

(× 103 Å)
∆σ2

(× 103 Å)a GOF
ave crystallogr

dist (45)

3 Ni-P 2.2013(1) 5.3 2.4 28.1
3 Ni-P 2.1940(1) 5.3 2.4 19.1
1 Ni-C 1.7222(2) 2.3 -2.8
3 Ni-P 2.1945(1) 5.5 2.6 9.2 2.22(1)
1 Ni-C 1.7200(2) 2.6 -2.1 1.74(2)
1 Ni-O 2.8842(2) 3.2 -2.2 2.92(4)b

a In the case of this model system,∆σ2 represents the difference
between theσ2 value obtained from the FEFF calculation and the value
obtained from fitting experimental data for this complex using the
calculated amplitude and phase parameters.b Distances to second
coordination sphere atoms determined from EXAFS analysis generally
agree with crystallographic distances to within(0.02 Å; however, the
crystallographically determined Ni-O distance for the Ni-CO ligand
in the model compound has a large error. The EXAFS value determined
is within the crystallographic error.

7476 Biochemistry, Vol. 39, No. 25, 2000 Davidson et al.



oxidized enzyme (2.9 Å) (17). The distances found in the
other forms of the enzyme are 2.5-2.6 Å (Table 3) and are
comparable to that found in theD. baculatumH2ase crystal
structure involving reduced enzyme (2.5 Å) (56). The data
presented here establish that the shortening of the Ni-Fe
distance is also a feature of reductive activation of the
enzyme and occurs at the SI redox level.

The EXAFS fits for forms C and L feature a lower number
of scattering atoms (4) than predicted from the XANES
analysis (6). This could arise from the presence of hydrogen
ligands, which would not have sufficient electron density to
give rise to significant backscattering, or from disordered
protein or water ligands. The possibility of ligation by ligands
derived from water is suggested by ENDOR measurements
that demonstrate that solvent can access the active site in
form C (61).

The structures that emerge from EXAFS analysis of SI-
CO complex and form L show that these structures, which
are not natural intermediates, are very similar to those found
in other forms of the enzyme. The addition of CO to the
active site does not perturb the overall structure dramatically,
although this structure leads to slightly longer Ni-S distances
than in the other forms, and XANES analysis suggests the
possible loss of one cysteinate ligand. The Ni-Fe distance
is essentially identical to those found for reduced enzyme
samples. In the case of form L, the similarity of the Ni-S
distances and the Ni-Fe distance to those found for form C
provide no support for the Ni-based redox chemistry sug-
gested earlier by one of our laboratories (15) or for ligand
dissociations during the photoprocess, although there appears

to be a trend toward a either a distorted six-coordinate or
five-coordinate structure from XANES analysis in both this
enzyme and in the H2ase fromT. roseopersicina(24).

CONCLUSIONS

The results of the analysis of the XAS spectra obtained
for samples ofC. VinosumH2ase poised in eight distinct
states lead to the following conclusions, which are sum-
marized in Scheme 2.

(i) Ni K-edge energy analysis shows that the reduction of
the enzyme and the formal redox state of the Ni atom are
not correlated. Instead, the formal redox state of the Ni center
appears to oscillate between Ni(III) in all of the EPR-active
states and Ni(II) in all of the EPR-silent states. The changes
in the Ni K-edge energy associated with the form Bf SIr
conversion is large enough to account for a one-electron
redox state change in a Ni center in a covalent ligand
environment. The magnitude of the Ni K-edge energy change
associated with the SIr f form C reduction is in the correct
direction but is of insufficient magnitude to be a simple
reoxidation of the Ni center. However, if the effects of the
geometry/coordination number change accompanying this
conversion (4f 6) detected by XANES analysis are factored
in, this transition and the subsequent reduction of form Cf
R are also of sufficient magnitude to account for one-electron
redox state changes in the Ni center.

(ii) The short Ni-O bond that is a feature of oxidized
enzyme (forms A and B) and the unready EPR-silent
intermediate (SIu) is lost upon conversion to SIr. This result

Scheme 2
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establishes that this structural change is a feature of the
reductive activation of the enzyme and occurs upon conver-
sion to SIr.

(iii) The difference in the Ni-S distances between terminal
and bridging thiolate ligands is considerably less than the
spread of Ni-S distances observed in theD. gigashydro-
genase crystal structure.

(iv) A shortening of the Ni-Fe distance from 2.85(2) to
2.5-2.6 Å is also a feature of the reductive activation of
the enzyme and also occurs at the SI level. Thus, the change
in the Ni-Fe distance appears to be associated with the loss
of the O-bridging ligand rather than with the presence of a
bridging hydride.

SUPPORTING INFORMATION AVAILABLE

Tables S1-S8 of fits of Ni K-edge Fourier-filtered EXAFS
data for the hydrogenase samples featured in this paper and
Tables S9-S10 of FEFF 6 pathways used in fitting the data.
This material is available free of charge via the Internet at
http://pubs.acs.org.
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